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ABSTRACT: The conformational changes accompanying spontaneous inactivation and dextran sulfate (DS)
mediated reactivation of the serine protease human tryptase were investigated by analysis of (i) intrinsic
fluorescence, (ii) inhibitor binding, and (iii) catalytic efficiency. Spontaneous inactivation produced a
marked decrease in fluorescence emission intensity that was reversed by the addition of DS. Fluorescence
decreases at high (4.0 µM) and low (0.1 µM) tryptase concentrations were similar at early times and
coincided with loss of enzymatic activity but deviated significantly from activity loss at later times by
showing a difference in the extent of change. The fluorescence losses were best described by a two-step
kinetic model in which the major decrease correlated to activity loss (t1/2 of 4.3 min in 0.2 M NaCl, pH
6.8, 30 °C) and was followed by a further decrease (t1/2 ≈ 60 min) whose extent differed with tryptase
concentration. The ability to bind the competitive inhibitor p-aminobenzamidine was reversibly lost upon
spontaneous inactivation, providing evidence for conformational changes affecting the major substrate
binding site (S1-pocket). Estimation of catalytic efficiency using an active site titrant showed that the
specific activity of tryptase remained unchanged upon inactivation and reactivation. Return of enzymatic
activity, intrinsic fluorescence, and the S1 pocket appeared to occur in the same time frame (t1/2 ≈ 3
min). These studies indicate that spontaneous inactivation involves reversible changes which convert the
active site to a nonfunctional state. The association of activity loss with an intrinsic fluorescence decrease
and loss of the S1-pocket is consistent with the disruption of a critical ionic bond at the active site.
Formation of this ionic bond is the basis of zymogen activation for the chymotrypsin family of serine
proteases.

Human tryptase is a serine class protease with trypsinlike specificity. Unlike other members of this class, it is
functionally unstable (1-3) rapidly losing activity via a
nonproteolytic process we have termed spontaneous inactivation (2, 4). The rate of activity loss is dependent on salt
concentration, pH, temperature, and the binding of highly
sulfated polysaccharides such as heparin or DS.1 At 37 °C,
pH 6.8, 0.2 M NaCl, the half-life for inactivation is
approximately 1 min while at 4 °C, pH 6.8, 2.0 M NaCl,
the enzyme is stable for weeks. Interaction of active tryptase
with highly sulfated polysaccharides greatly slows spontane† This work was supported by NIH Grant AR42931 and Training
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FIGURE 1: Schematic model of tryptase spontaneous inactivation.
Squares denote the active tetramer species, and circles with the
letter I denote inactive species. The question mark denotes an
irreversibly inactivated form of tryptase that is not well characterized.

ous inactivation (1-3), and the addition of heparin or DS to
inactivated tryptase rescues the enzyme, demonstrating the
reversibility of the inactivation process (2-4).
Kinetic and physical studies have helped to define
intermediates and structural changes depicted in our model
of spontaneous inactivation shown in Figure 1 (2, 4).
Tryptase purified from tissues under stabilizing conditions
(e.g. high salt concentration, 4 °C) is catalytically functional
and is a tetramer of four active subunits (4-7). After transfer
to nonstabilizing conditions, reversible and irreversible
structural changes produce a rapid and slow phase of activity
loss (2, 4). The rapid phase generates greater than 80% of
the activity loss in a process that appears insensitive to
tryptase concentration and is associated with a reversible
structural change as measured by CD. To account for these
properties, the first step of spontaneous inactivation (step 1)
is depicted as a conformational isomerization to an inactive-
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destabilized tetramer. Step 2 is depicted as the dissociation
of the destabilized tetramer. This step is implied by the
dependence of DS/heparin-mediated reactivation on the
concentration of tryptase and ultracentrifugation analysis of
spontaneously inactivated tryptase that revealed an equilibrating tetramer-monomer mixture. Step 3 is the slow
irreversible decay of the system which is not well characterized but is apparent from the reduced ability to rescue
tryptase after long periods of incubation.
The CD spectrum of tryptase displays a rarely observed
negative peak at 230 nm (4) that also is seen in the spectrum
of chymotrypsin (8-10) but is not a general characteristic
of serine proteases (10-12). This peak is lost during the
fast phase of spontaneous inactivation (4) and also is absent
in the spectra of the catalytically inactive forms of chymotrypsin: chymotrypsinogen and high-pH inactivated chymotrypsin (8, 9). The lack of the 230 nm peak in these
inactive forms of chymotrypsin correlates to the absence of
a critical ionic bond between the R-amino group of Ile16 and
the β-carboxyl group of Asp194 (8). This bond modulates
the activity of a serine protease (chymotrypsin family) in
that its formation produces structural rearrangements in the
active site (formation the S1 binding pocket and oxyanion
hole) that dramatically enhance catalytic activity (13-16).
The generation of the ionic bond after cleavage of an X-Ile16
bond in serine proteases is the basis of zymogen activation
(17). In view of the similar CD characteristics of tryptase
and chymotrypsin, we have suggested that step 1 in the model
(Figure 1) involves the disruption of an homologous ionic
bond (Ile1-Asp193 in tryptase (7)) and reversible conversion
of the active site in each tryptase subunit to a zymogen-like
structure (4).
The peak at 230 nm in the CD spectrum of chymotrypsin
has been attributed to the ellipticity of certain Trp residues
which undergo a change in environment upon zymogen
activation and high-pH inactivation. Initially Trp141 near the
Ile-Asp salt bridge was believed responsible for the signal
(18). A more recent analysis examining the possibility of
exciton coupling between aromatic residues suggests that an
interaction between Trp215 and Trp172 produces the signal
(19). Tryptase has comparable aromatic residues at homologous positions which could reproduce the chymotrypsin CD
signal. Chymotrypsin exhibits a change in intrinsic fluorescence upon inactivation/activation consistent with a the
change in the environment of a Trp residue(s) (20-22).
Although the origin of the fluorescence emission change is
controversial, four of the eight Trp residues in chymotrypsin
including Trp141 form a cluster close to Ile-Asp ionic bond
(22, 23). Seven of nine Trp residues in human tryptase are
homologous to those in chymotrypsin, including the cluster
close to the Ile-Asp ionic bond (24-26). Trp residues were
not in the 6 loops forming subunit interfaces in the recent
X-ray crystal structure of the tryptase tetramer, suggesting
that they are part of the core structure homologous to other
serine proteases (7).
Given the similar CD properties and the extent of
homology between chymotrypsin and tryptase with respect
to Trp residues, we pursued our analogy to chymotrypsin in
this study by examination of tryptase’s intrinsic fluorescence
properties. In addition, a more direct assessment of active
site structure upon spontaneous inactivation was made using
the fluorescent competitive inhibitor pAb (27) and the
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fluorescent active site titrant MUGB (28). The former was
used to assess the state of the S1 pocket and the latter
catalytic efficiency.
EXPERIMENTAL PROCEDURES
Materials. Dextran sulfate (8000 average molecular
weight) and model substrates were purchased from Sigma.
Tryptase was purified from human skin as previously
described (4) except that the purified enzyme was dialyzed
overnight at 4 °C against 2.0 M NaCl, 10 mM MOPS (pH
6.8) before concentration to 40 µM and storage at -70 °C.
Standard Assay of Tryptase and Estimation of Concentration. The standard assay conditions were 0.2 M NaCl, 0.1
M Tris-HCl (pH 8.0), 9% Me2SO, 25 °C containing either
1.0 mM CBZ-Gly-Pro-Arg-NA, 1.0 mM TOS-Gly-Pro-LysNA, or 1.0 mM L-BAPNA. The Km values for these
substrates are 1.0, 1.0, and 4.0 mM, respectively. Typically
assays were performed in a 1 mL volume using a semimicrocuvette of 1 cm path length. The concentration of
tryptase reported in experiments represents subunit concentration. Concentrations were estimated from initial rates of
product (NA) formation using specific activities for various
substrates. Different substrates were employed depending
on the tryptase concentration in experiments. The specific
activities for CBZ-Gly-Pro-Arg-NA, TOS-Gly-Pro-Lys-NA,
and L-BAPNA under standard conditions are 5.7, 3.3, and
0.20 (µmol min-1)(nmol of tryptase)-1, respectively, where
410 nm for NA is 8800. These specific activities were based
on the concentration of tryptase active sites determined using
the active site titrant MUGB (see below). Total tryptase
protein concentration was estimated using the reported 280
nm of 77 000 M-1 cm-1 (6). Comparison of concentration
estimated by enzymatic activity with that obtained by protein
determination (assuming 27.5 kDa for the mass of a subunit)
suggested that preparations of tryptase were at least 80%
active. Analysis of tryptase by SDS-PAGE (not shown)
indicated that the preparations were >90% pure, and gel
filtration analysis of tryptase in the presence of heparin
showed only tetramer (29).
Initial velocity of substrate hydrolysis was measured for
3 min. Product formation was linear during this time period
indicating that spontaneous inactivation of tryptase was
negligible in the assay. Stability over the 3 min period was
due to the lower temperature of the activity assay (t1/2
inactivation ) 25 min at 25 °C compared to 3 min under
standard decay conditions) and the additional stabilizing
effect of substrate binding (4).
Spontaneous InactiVation and ReactiVation. Except for
the study with the active site titrant which utilized plastic
micro-centrifuge tubes for incubations, tryptase inactivations
(decays) and reactivations (returns) were performed in quartz
cuvettes in a solution volume of 1 mL. Spontaneous
inactivation was initiated by dilution of stock tryptase
(stabilized at 4 °C in 2.0 M NaCl) to standard inactivation
conditions of 0.2 M NaCl, 10 mM MOPS (pH 6.8), 30 °C.
As a control, the same dilution was made into a stabilizing
solution of either 2.0 M NaCl, 10 mM MOPS (pH 6.8), 30
°C or 1.0 mg/mL DS, 10 mM MOPS (pH 6.8), 30 °C. The
activity of the stabilized controls immediately after dilution
(0-time) was used as the reference in calculating the fraction
of tryptase activity remaining in decays and produced in
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returns. All decay time-courses extrapolated back to the
0-time point of the control further indicating the accuracy
of our measurements with regards to activity loss. Reactivation of spontaneously inactivated tryptase was performed at
25 °C and was initiated by addition of a concentrated solution
of DS (50 mg/mL) to give a final concentration of 1.0 mg/
mL.
Tryptase activity was monitored by withdrawing aliquots
from the incubations and diluting 25-500-fold into standard
assay conditions. Aliquots removed from incubations were
of sufficient size to produce a hydrolytic rate of approximately 0.1 ∆A410/min in the assay assuming no loss of
activity. Initial velocities were determined as described
above. The enzymatic activity of controls was in proportion
to the dilution (typically from 40 µM tryptase to 4.0 or 0.1
µM), irrespective of the stabilizing solution employed (high
salt or DS). This indicates that dilutions were quantitative
and that our assays (see above) measure accurately the
enzymatic activity of tryptase present in solutions that contain
or do not contain a polysaccharide stabilizer.
We used DS previously to establish the CD spectrum of
tryptase because it demonstrated less ellipticity than heparin
in the wavelength range of interest (4). To be consistent
with these previous studies, we continued to use DS for
stabilization and reactivation. The final concentration of DS
in reactivations was 1 mg/mL. At this concentration of DS
or heparin (5000 kDa), the extent of return is somewhat better
than observed previously using 0.1 mg/mL of heparin (2).
Alter et al. (30) had shown that DS could effectively
substitute for heparin in stabilizing tryptase enzymatic
activity.
Fluorescence Instrumentation. All fluorescence measurements were performed using a Perkin-Elmer 512 fluorescence
spectrophotometer thermostated by means of a circulating
water bath ((0.5 °C). Data were collected via an amplifier
purchased from University of Pennsylvania Bioanalytical
Instrumentations Group. The analogue signal from the
amplifier was digitized using a MacAdios II Jr A/D
converter, and data were collected using the program
Superscope IIe (GW Instruments). The emission monochromator of the fluorometer was calibrated using the standard
spectrum for Trp in water as published by Permyakov (31).
The excitation monochromator was calibrated by measurement of light scattering of a dilute agarose solution (32).
Measurement Of Intrinsic Fluorescence. Except for the
difference in the sensitivity setting, intrinsic fluorescence
measurements at high and low tryptase concentration were
recorded identically with excitation at 295 nm, and excitation
and emission bandwidths of 10 mm; the cuvette path length
was 1 cm. Emission spectra were scanned at a rate of 2
nm/s and data acquired every 0.5 s. Each data point was
the average of 1000 readings collected over a 0.03 s interval.
Samples were irradiated only during acquisition of the spectra
(∼1 min/spectrum). Photobleaching was not evident as
evidenced by the constancy of the emission spectra of
controls. Furthermore, the decrease in emission intensity
during decays was not affected by the number of spectra
taken, nor did the decrease differ when monitored at a single
emission wavelength which dramatically reduced the time
of irradiation (<5 s for a single reading). A small inner
filter effect was observed at high tryptase concentration
where the A295 was 0.2. The effect should not influence the
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analysis of the data because protein concentration was
constant in each decay and reactivation, as well as controls
used for comparative purposes (see below). In low concentration decays and returns a small Raman peak, less than
5% of the sample fluorescence, was subtracted from the
spectra.
Emission spectra of decays at high and low tryptase
concentrations were compared by displaying them relative
to the 0-time spectra of controls containing an equivalent
concentration of tryptase in 2.0 M NaCl. The fluorescence
intensity of the control at 331 nm was assigned a value of
1. Controls were performed in parallel with all experiments.
Data presented as single wavelength values were most often
obtained from spectra.
The intensity-averaged emission wavelength, [λ], was
calculated from emission spectra using eq 1, where I is
emission intensity at each wavelength (λi) (33, 34). [λ] was
obtained as a function of time for decays at high and low
tryptase concentration.
N

∑(Iiλi)
[λ] )

i)1

N

(1)

∑(Ii)
i)1

MUGB. Quantification of active sites was accomplished
using MUGB as previously described (35). Aliquots (5 µL)
from incubations were withdrawn and immediately added
to 1 mL of 0.1 M veronal buffer (pH 8.0), 25 °C containing
0.1 mM MUGB in a cuvette. Samples were excited at 365
nm (20 nm bandwidth), and the magnitude of the burst of
4-MU product was quantified by fluorescence emission at
445 nm (20 nm bandwidth). Product concentration was
estimated from standard curves obtained with either NPGBcalibrated trypsin or 4-MU. Both calibration curves were
similar within experimental error.
pAb. The interaction of pAb with tryptase was studied
by measurement of the fluorescence enhancement of pAb
upon binding to the protease (27). Emission spectra were
recorded in a 1 cm path length cuvette with 325 nm excitation
and a band-pass of 3 nm for both excitation and emission.
The dissociation constant (Kd) for interaction of pAb with
tryptase was determined from plots of the fluorescence
increase as a function pAb concentration, as previously
described for trypsin and thrombin (27).
Analysis of Kinetic Data. Rate constants for enzymatic
activity loss and intrinsic fluorescence changes were determined by fitting the data to a single or double exponential
function (f(t)) according to eqs 2 or 3, respectively. In these

f(t) ) k0 + k1e-k2t

(2)

f(t) ) k0 + k1e-k2t + k3e-k4t

(3)

equations, k2 and k4 are the rate constants of first-order
processes and k1 and k3 are the magnitudes of the change
for each process. All fits were performed by nonlinear leastsquares regression using the program Igor Pro by Wavemetrics. All errors were expressed as standard deviations.
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Table 1: Spontaneous Inactivation and DS-Mediated Reactivation of Human Tryptasea
% initial activity
0.1 µM tryptase
decay
time, h

activity loss

0
0.33
2
4
24
48

100b
13 ( 5 (n ) 5)c
6 ( 2 (n ) 3)
2 ( 1 (n ) 3)
1 ( 1 (n ) 3)
0

4.0 µM tryptase
return after
DS addition
25 ( 1 (n ) 3)
18 ( 4 (n ) 2)
16 ( 2 (n ) 2)
15

activity loss
100
16 ( 3 (n ) 10)
7 ( 2 (n ) 7)
5 ( 1 (n ) 4)
5 ( 2 (n ) 4)
2

return after
DS addition
71
80 ( 12 (n ) 3)
55 ( 10 (n ) 2)
60

a
Decays were initiated by dilution of stock tryptase to the desired concentrations and conditions, 0.2 M NaCl, 10 mM MOPS (pH 6.8), 30 °C.
At the times indicated, return was initiated by adjusting the incubation to 25 °C (except 20 min return which was remained at 30 °C) and addition
of DS. Return values reported are based on the recovery of activity after 1-2 h in DS at 25 °C or 30 °C when most, if not all, of the return is
complete. b 100% is the activity at 0-time for stock tryptase diluted to the desired concentration in stabilizing solution of either 2.0 M NaCl, 10 mM
MOPS (pH 6.8) or 0.2 M NaCl, 10 mM MOPS (pH 6.8), 1.0 mg/mL DS (controls). At 0-time, the activity of both stabilized controls was identical.
After 48 h, the DS control lost less than 10% of its activity while the high salt control lost approximately 70% of its activity. c The number of
determinations (n) is given in parentheses; values reported without errors (SD) are from single determinations.

Kinetic Simulation of the Fluorescence Loss. The kinetic
simulation program Hopkinsim (D. H. Wachsstock and T.
P. Pollard, Johns Hopkins Medical School) was used to
analyze the kinetics of the fluorescence loss according to a
two step model comprised of steps 1 and 2 in Figure 1, where
the entire fluorescence decrease was attributed to step 2
(dissociation). In this simulation, loss in activity, step 1 in
Figure 1, was treated as an approach to an equilibrium in
which 85% of the tryptase is inactive; that is [inactive]/
[active] ) k1/k-1 ) 5.7 and the observed rate constant (0.16
min-1) for activity loss is the sum of k1 + k-1 (36). Step 2
was assigned the association equilibrium constant (Ka) of 5
× 1015 M-3 estimated by sedimentation equilibrium ultracentrifugation (4). k2 was assigned various rate constants,
and k-2 was assigned the value of Kak2. The values of k2
ranged from 0.01 to 0.16 min-1, the high value being the
rate constant for activity loss. At the high value, the
simulation fit the fluorescence loss at early times, but the
decrease was much too fast to be compatible with the data
at later times. Reducing the magnitude of k2 produced a
lag phase at early times which was not observed experimentally.
RESULTS
Spontaneous InactiVation At High And Low Tryptase
Concentrations. Both intra- and intersubunit changes may
affect the intrinsic fluorescence of tryptase upon spontaneous
inactivation. To investigate the contribution of each, spontaneous inactivation was studied at 0.1 and 4.0 µM tryptase.
These concentrations provide a range where the extent of
tetramer dissociation after inactivation is predicted to differ
(4). Tetramer is predicted to be about 50% dissociated at
the high concentration (50% of the subunits are monomeric)
and virtually completely dissociated at the low concentration.
In Table 1, loss and return of enzymatic activity are
reported for decays of 0.1 and 4.0 µM tryptase under standard
conditions. Decays were initiated by dilution of stock
tryptase as described in Experimental Procedures. As
previously shown (2, 4), both decays revealed a biphasic loss
of fractional activity with approximately 85% of the enzymatic activity lost after 20 min followed by a slower loss of
the remaining activity. The fraction of activity lost during
the first 20 min and at least up to 2 h was similar at each

tryptase concentration. Upon continued incubation small
differences in residual activity were observed. In contrast
to the loss of fractional activity, the extent of reactivation
produced by addition of DS differed in each decay with the
high concentration incubation exhibiting a greater extent of
return than the low concentration incubation.
The ability to recover tryptase enzymatic activity in each
decay by DS addition remained relatively constant through
48 h of incubation. The relative constancy of the return over
48 h of incubation suggests that step 3 (Figure 1), the
irreversible decay of the system, is not having a major
influence on inactivation. The stability of the system over
the time of incubation reported here is better than previously
reported in our initial study (4). The reasons for the better
stability of the system have not been systematically evaluated. The reduced influence of the irreversible step implies
that it is primarily of a nonspecific nature.
Specific ActiVity of Tryptase During spontaneous InactiVation and ReactiVation. Previously we had shown that loss
of tryptase enzymatic activity was related to a loss of
functional active sites (2). A time-course to evaluate the
specific activity of tryptase during spontaneous inactivation
and DS-mediated reactivation is shown in Figure 2. Reactivation was initiated by addition of DS to the incubation
after 100 min of decay. Active site concentration was
monitored using MUGB, an active site titrant, and enzymatic
activity was determined by L-BAPNA hydrolysis; both
determinations are expressed on a fractional basis in the
figure. The parallel change in both measurements indicates
that the specific activity of tryptase (enzymatic activity/active
site concentration) is unchanged during both inactivation and
reactivation processes. This finding demonstrates that
spontaneous inactivation and DS-mediated reactivation involve the loss/gain of catalytic subunits rather than a change
in the specific activity of all subunits. This result further
supports the reversibility of spontaneous inactivation as
denoted by steps 1 and 2 in Figure 1.
Intrinsic Fluorescence of ActiVe Tryptase. Normalized
fluorescence emission spectra of active tryptase at 4.0 and
0.1 µM tryptase stabilized in 2.0 M NaCl are shown in Figure
3 (control spectra); excitation was at 295 nm. Both spectra
appeared similar in shape and revealed an emission maximum
of 331 nm. Fluorescence spectra of tryptase stabilized in
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FIGURE 2: Parallel loss/gain of enzymatic activity and active site
concentration upon spontaneous inactivation and DS-mediated
reactivation. Data are expressed as a fraction of the control. A 500
µ L mixture containing 4.0 µM tryptase under decay conditions of
0.2 M NaCl, pH 6.8, 30 °C was periodically assayed either for
enzymatic activity with L-BAPNA or for active site concentration
with MUGB as described in Experimental Procedures. Reactivation
was initiated after 100 min under decay conditions. At this time
the incubation was cooled to 25 °C (5 min) and DS was added.
The sample was periodically assayed as before. The control line
(squares) is for DS-stabilized tryptase monitored for activity and
active site concentration. Little change in both controls was observed
over 24 h of incubation as indicated by the line.

FIGURE 3: Change in the intrinsic fluorescence spectrum of tryptase
upon spontaneous inactivation at high (A) and low (B) concentrations. Tryptase at each concentration was decayed in the cuvette
under conditions of 0.2 M NaCl, pH 6.8, 30 °C. The 0-time spectra
are 4.0 and 0.1 µM tryptase in 2.0 M NaCl stabilizing conditions.
The dashed vertical line marks the 331 nm emission maximum of
active tryptase.

DS-0.2 M NaCl were similar in shape to those in 2.0 M
NaCl, except that the emission intensity was reduced by
approximately 15%. The lower intensity is likely due to
quenching brought about by the interaction of DS with
tryptase. Consistent with this interpretation, dissociation of
DS from tryptase by increasing the NaCl concentration to
2.0 M reproduced the high salt spectrum. Tryptase contains
9 Trp and 10 Try residues (24-26) which may contribute
to its spectrum. Spectra obtained by excitation at 280 nm
did not show a shoulder at 310 nm (not shown), indicating
that Trp residues were the major source of the emission (31,
32).
Intrinsic Fluorescence Spectrum of Tryptase during Spontaneous InactiVation. All emission spectra measured during
spontaneous inactivation under decay conditions (0.2 M
NaCl, pH 6.8, 30 °C) are reported relative to the 0-time point
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FIGURE 4: Time-courses for fluorescence emission (A) and
enzymatic activity (B) loss upon the spontaneous inactivation of
tryptase. Inactivation conditions are the same as reported in Figure
3. Relative emission intensity at 331 nm is reported in panel A,
and fractional activity loss is reported in panel B. Open and closed
boxes are controls of tryptase at each concentration in 2.0 M NaCl.
Open and closed circles are decays at 0.1 and 4.0 µM tryptase,
respectively. Dashed lines in panel A and solid lines in panel B
were obtained by fitting the data to a single-exponential function
(eq 2). Solid lines panel A were obtained by fitting a data to a
double exponential function (eq 3). Data producing each time-course
were obtained from several independent experiments.

of a control incubation (2.0 M NaCl, pH 6.8, 30 °C) at an
identical concentration of tryptase. Validating the use of the
control, normalized spectra of controls at 0.1 and 4.0 µM
did not significantly change over the 250 min of incubations
(331 nm data in Figure 4A). Spectra also were unaffected
by the 10-fold reduction in the NaCl concentration. This is
evidenced by the spectrum obtained in 0.2 M NaCl after 0.5
min of inactivation (Figure 3) which is identical to that of
2.0 M NaCl control, except for a slight loss of intensity
resulting from spontaneous inactivation.
Spectra recorded during spontaneous inactivations at high
and low tryptase concentrations are shown in Figure 3A,B.
In both decays there is a significant decrease in intrinsic
fluorescence relative to stabilized tryptase. Except for the
greater extent of decrease in the low concentration decay,
spectra at corresponding times have a similar shape and
reveal a progressive shift in the emission maximum from
331 to 335 nm upon inactivation. Difference spectra
determined by subtracting the 20 or 250 min spectra from
that of the 2.0 M NaCl (0-time) exhibited a maximum at
328 nm (data not shown). The decrease in intensity and shift
to a longer maximum wavelength is consistent with an
increase in the quenching of the fluorescence of Trp
residue(s). The maximum at 328 nm for the difference
spectra is consistent with the loss of fluorescence of an
internal (buried) Trp residue(s) (31).
Spectra of decays at high and low tryptase concentration
also were evaluated by calculating the intensity-averaged
emission wavelength ([λ] in eq 1) which is more sensitive
to spectral shifts than the emission maximum (33, 34). The
results of this calculation suggested that the low concentration
decay slowly progressed to a slightly longer wavelength than
the high. [λ] of active tryptase at both high and low
concentration was 345.6 ( 0.1 nm. Upon inactivation [λ]
shifted to a final value of 348.8 ( 0.3 nm in the high
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Table 2: Results Obtained by Fitting Fluorescence Data to Eq 3a
tryptase, µM
a

0.1
4.0

k0

k1b

k2, min-1

k3

k4, min-1

0.56 ( 0.03
0.66 ( 0.01

0.26 ( 0.03
0.26 ( 0.03

0.16 ( 0.03
0.16 ( 0.03

0.16 ( 0.03
0.07 ( 0.03

0.014 ( 0.006
0.01 ( 0.01

a
Analysis by a double exponential function yielded preexponential (k1) and rate constants (k2) for the rapid phase of the fluorescence loss and
preexponential (k3) and rate constants (k4) for the slow phase of fluorescence loss; k0 is the fluorescence at infinite time. b Fitted variables k1 and
k2 were constrained to be identical at both concentrations.

concentration decay and 349.8 ( 0.2 nm in the low
concentration decay. These values are the average ((SD)
of several spectra taken between 3 and 24 h of decay when
further change was no longer evident. The emission
maximum and [λ] of inactivated tryptase is less than that
observed for proteins in strong denaturing agents such as
urea and guanidine hydrochloride, suggesting that inactivated
tryptase is not fully unfolded (33, 34).
Kinetics of Intrinsic Fluorescence Changes. The timecourses for the intrinsic fluorescence decrease over a 250
min period of spontaneous inactivation at high and low
tryptase concentration are shown compared to fractional
activity loss in Figure 4A,B, respectively. The fluorescence
emission intensity at 331 nm and enzymatic activity are
plotted relative to the control (squares) at 0-time. The most
striking difference in comparing the two sets of decreases is
the effect of tryptase concentration on the fluorescence loss.
The 0.1 µM decay revealed a significantly greater extent of
fluorescence loss than the 4.0 µM tryptase decay (Figure
4A). This concentration effect was not apparent in the
fractional activity loss (Figure 4B). The time-courses for
fluorescence and activity losses were empirically fit to eq 2
(dashed lines in Figure 4A) in order to compare the rates of
decrease. The t1/2 values for the fluorescence decreases in
the high and low concentration decays were 5.8 and 11.6
min (rate constants 0.12 ( 0.01 and 0.06 ( 0.01 min-1),
respectively, compared to 4.3 min (rate constant 0.16 ( 0.01
min-1) for the activity decrease at both concentrations.
The disparity between the fluorescence emission and
activity time-courses support the multistep model for spontaneous inactivation as depicted in Figure 1. Although the
simplest interpretation for the concentration dependence and
relative slowness of the fluorescence decrease is to associate
the fluorescence loss entirely with step 2 (dissociation), this
possibility was discounted on the basis of several observations: (i) An initial lag in the fluorescence loss which might
support such a possibility was not detected. (ii) A significant
difference in the extent of dissociation should have been
mirrored in the fractional activity loss, as increased dissociation (95% complete by 1 h assuming the t1/2 above) should
favor formation of inactive species. (iii) The singleexponential fit (eq 2) underestimates the extent of loss at
later times (compare dashed lines vs data points in Figure
4A). (iv) A time-course consistent with the fluorescence data
could not be reproduced using a kinetics simulation program
to predict the rate of dissociation according to the model in
Figure 1 (see Experimental Procedures). In regards to the
last observation, the magnitudes of k2 and k-2 for the
dissociation equilibrium (step 2) required to make the
simulation fit the data at early times produced completion
of the simulation much earlier than the data. In fact, the
simulation indicated that the fluorescence loss at early times
was occurring at the same rate as activity loss. The inability

to attribute the fluorescence data to step 2 exclusively along
with its correspondence with activity loss at early times
suggested that both steps 1 and 2 were contributing to the
fluorescence changes.
The fluorescence data at high and low concentration were
analyzed further using a double exponential function (eq 3)
to describe the time-courses. When the fluorescence data
sets were fit individually to eq 3, the rate constants (k2) and
preexponential factors (k1) describing the kinetics of the
initial fluorescence decrease were found to be nearly identical
at each concentration, consistent with the concentration
independence observed for activity loss. Thus data for high
and low concentrations of tryptase were merged and fit to a
model in which these constants (k1 and k2) were constrained
to be identical for both data sets, and the other rate constant
(k4), preexponential factor (k3), and the values for fluorescence at infinite time (k0) were allowed to differ with tryptase
concentration. As shown by the solid lines in Figure 4A
and values in Table 2, the data were well represented by
this model. The rate constant independent of tryptase
concentration was virtually identical to that obtained for
activity loss (t1/2 of 4.3 min) indicating that the fluorescence
loss at early times was attributable to events concomitant
with the fast phase of activity loss. The rate constants
obtained for the other exponential decay were much smaller
than that of the first decay, predicting a slow process with a
t1/2 in the range of 1 h.
The sums of the preexponential terms and the infinite time
fluorescence for both high and low concentration decays were
nearly unity confirming that the model accounted for all of
the fluorescence present at time zero. While the model
constrains the preexponential term for the common fast rate
to be the same at high and low tryptase concentrations, the
fraction that this process contributes to the overall change
in fluorescence is dependent on the tryptase concentration
with the fast process contributing 80% and 60% of the total
fluorescence change at high and low concentrations, respectively. This is consistent with a fixed portion of the total
fluorescence change coming from the fast phase of inactivation and a concentration dependent fraction arising from the
slow dissociation of inactive tetramers.
Fluorescence Emission Changes upon ReactiVation. The
reversibility of the intrinsic fluorescence loss was investigated
in decays at high and low tryptase concentration. Reactivation was initiated after 120 min of decay by addition of DS,
and emission spectra were recorded as a function of time.
Return of activity and fluorescence at each concentration was
virtually complete after 1 h of incubation, at which time the
high and low concentration decays returned activity to 80%
and 23% of the initial activity, respectively. In Figure 5,
the emission spectra of tryptase recorded immediately before
and 1 h after addition of DS are shown, as well as spectra
of active tryptase stabilized by DS for comparison. In
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FIGURE 5: Recovery of intrinsic fluorescence upon DS-mediated
reactivation of decays performed at high (A) and low (B)
concentration tryptase. Each decay was for 120 min at 30 °C in a
cuvette. The incubation was then cooled to 25 °C and DS was
added; spectra immediately before and 1 h after DS addition are
shown. The dashed vertical line marks the emission maximum of
active tryptase at 331 nm. The DS control is of an equivalent
concentration of tryptase stabilized from the outset of incubation
by the presence of DS.

FIGURE 6: Rate of return of enzymatic activity and intrinsic
fluorescence upon addition of DS to spontaneously inactivated
tryptase. Inactivation of 4.0 µM tryptase (to 5% of its initial activity)
and reactivation was initiated as described in Figure 5. At the
indicated times, the intensity of the fluorescence emission at 331
nm was determined with excitation at 295 nm. Also periodically 5
µL aliquots were removed from the cuvette for activity assay using
L-BAPNA. Conversion of fluorescence to a fractional quantity is
described in the text. The solid lines were obtained fitting each
data set to eq 2.

qualitative agreement with the extent of the activity returns,
the spectrum of reactivated high-concentration tryptase
looked more similar in intensity and shape (emission
maximum returned close to 331 nm) to the spectrum of the
DS control than that of reactivated low-concentration tryptase.
Spectra of the DS controls changed very little over the course
of the incubation.
The rates of return of enzymatic activity and fluorescence
intensity for the reactivation of 4.0 µM tryptase are compared
in Figure 6. Fluorescence emission intensity is expressed
on a fractional scale where 1 is the intensity of DS-stabilized
tryptase and zero is the intensity of inactivated tryptase
immediately before the addition of DS. Analysis of both
data sets empirically using eq 2 revealed a similar rate of
return; t1/2 values of 3.6 and 3.8 min (rate constants ) 0.19
( 0.02 and 0.18 ( 0.03 min-1) were measured for activity
and fluorescence return, respectively.
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FIGURE 7: Binding of pAb to DS-stabilized, inactivated and
reactivated tryptase. Emission spectra were recorded as described
in Experimental Procedures. In all measurements the pAb concentration was 40.0 µM and the tryptase concentration was 4.0 µM,
except for the control of pAb alone. Tryptase is 60% saturated in
the presence of 40.0 µM pAb. Stabilizing conditions were 1.0 mg/
mL DS, 0.2 M NaCl, pH 6.8, and 30 °C (DS-stabilized). The
spectrum of pAb with inactivated tryptase was obtained at 25 °C
after decay of the enzyme for 120 min in 0.2 M NaCl, pH 6.8, 30
°C in the absence of pAb (inactivated). To obtain the spectrum of
pAb with reactivated tryptase, DS was added to inactivated tryptase
just described and the spectrum was obtained after 30 min of
incubation at 25 °C (reactivated).

In Figure 6, the extent of the fluorescence return appears
less than that of the activity return. The reason for this
difference is unclear. It may reflect the absence of an
appropriate baseline value to quantify fluorescence on a
fractional scale. Quenching of the emission intensity in the
decayed sample due to DS interaction with the remaining
active tryptase or upon binding to inactivated species would
reduce the baseline value below that of zero used in our
calculation. Nevertheless, the above studies suggest that
intrinsic fluorescence changes during spontaneous inactivation are reversible and closely correlate with loss/gain of
enzyme activity.
ReVersible Loss of the S1 Pocket during Spontaneous
InactiVation. pAb is a competitive inhibitor of serine
proteases with trypsin-like specificity. Interaction of pAb
with tryptase has been reported to have a Ki of 19 µM (37).
pAb binds reversibly to the S1 pocket (27, 38, 39), and burial
within this pocket enhances the fluorescence emission of pAb
providing a spectroscopic method for measurement of
binding (27). The fluorescence enhancement of pAb bound
to enzymatically active tryptase is demonstrated in Figure
7, where the spectra of 40.0 µM pAb in the presence 4.0
µM tryptase reveals a shift in the emission maximum from
376 to 366 nm and a significant enhancement in emission
intensity. The intensity increase at 376 nm was approximately 80-fold for pAb bound to tryptase compared to
free pAb. A similar change in pAb fluorescence has been
reported for the interaction with trypsin and thrombin (27).
By utilization of the enhancement of pAb fluorescence, a
dissociation constant (Kd) of 21 µM for the interaction pAb
with DS-stabilized tryptase was determined. Addition of an
excess of leupeptin (200 µM, Ki ) 1.5 µM), another
competitive inhibitor of tryptase, to a solution of pAbtryptase complex reduced the fluorescence intensity to near
background levels (data not shown). This characterization
strongly suggests that the fluorescence enhancement produced by the interaction of pAb with tryptase is the result
of burial within the S1 pocket.
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absence of DS did not produce a return in activity or
fluorescence (dashed lines).
DISCUSSION

FIGURE 8: Rate of return of enzymatic activity and pAb binding
upon reactivation of tryptase. Tryptase at 4.0 µM was inactivated
in 2 cuvettes for 120 min at 0.2 M NaCl, pH 6.8, 30 °C. At this
time both incubations were cooled to 25 °C and pAb was added to
a concentration of 40 µM. Fluorescence emission and activity were
recorded at this time to establish a 0-time point. To one incubation,
DS was added to a final concentration of 1.0 mg/mL to produce
reactivation. Fluorescence emissions of both samples were then
monitored continually at 376 nm with 325 nm excitation. The solid
and short dashed lines represent incubations with and without DS,
respectively. Periodically a 5 µL aliquot was removed and assayed
for activity with L-BAPNA. Open circles and triangle-long dashes
represent incubations with and without DS, respectively. To
overcome the inhibitory effect of pAb in enzymatic assays, 5 µL
aliquots were diluted 100-fold with assay solution. Fractional
activity and fluorescence are plotted versus time. To convert
fluorescence to a fractional quantity a scale was established where
1 is the emission intensity of 40.0 µM pAb in the presence of
tryptase stabilized by DS from the outset and 0 is the emission
intensity of pAb alone (not shown).

Fluorescence spectra demonstrating the interaction of 40.0
µM pAb with 4.0 µM tryptase after 120 min of spontaneous
inactivation and after return of activity by addition of DS
also are shown in Figure 7. The spectrum of pAb observed
with inactivated tryptase shows a marked reduction in the
degree of enhancement compared to that observed with DSstabilized tryptase, consistent with reduced pAb binding upon
spontaneous inactivation. The small enhancement is likely
due to the 8% active enzyme remaining and some nonspecific
background fluorescence. Reactivation of the same incubation by addition of DS returned the enhancement almost to
the magnitude of the control. The return of fluorescence
intensity is consistent with the return of activity measured
at 90% of initial activity by enzymatic assay. Thus changes
in the integrity of the S1 pocket upon spontaneous inactivation are reversible.
The time-courses for both the return of enzymatic activity
(circles) and pAb binding upon reactivation (solid line) are
shown in Figure 8. Reactivation was initiated by sequential
addition of pAb and DS. Return of fluorescence was
monitored continuously except for brief interruptions when
aliquots were removed to assay enzymatic activity. To
estimate the rate of return of each parameter, recoveries were
fit to eq 2. The t1/2 values obtained from the fits were 2.3
and 3.0 min for pAB binding and activity return, respectively.
The similarity of the values suggests that changes to the S1
pocket are closely linked to activity loss/gain. The rate of
loss of pAb fluorescence was not compared to activity loss
because near saturating levels of the inhibitor dramatically
decreased the rate of tryptase inactivation. This stabilizing
effect is similar to that previously reported for the inhibitor,
leupeptin (4). pAb added to inactivated tryptase in the

This study further defines the structural changes producing
the spontaneous inactivation of tryptase. We have shown
previously that the spontaneous inactivation of tryptase is a
biphasic process. The initial phase is rapid, accounts for
the major portion of enzymatic activity loss, and is not
affected by tryptase concentration (2). The second phase is
the slow continuation of the activity loss. Structural studies
have related the kinetics of activity loss primarily to
reversible intra- (step 1) and inter- (step 2) subunit structural
changes as depicted in Figure 1 (4). An irreversible process
(step 3) was included in the model to account for changes
that affect the DS/heparin mediated reactivation of tryptase
after long periods of decay. The relatively small difference
in the extent of reactivation over the decay period of 48 h
as shown in Table 1 suggests that step 3 was not significantly
affecting the results of our studies which were primarily
obtained over the first 250 min of incubation.
Two other studies of spontaneous inactivation have been
reported recently which suggest that activity loss proceeds
through the formation of an inactive-tetramer intermediate
(3, 40). Both models of inactivation reported in these studies
differ from ours and from each other in the nature and
reversibility of the species resulting from inactivation. One
suggests that reactivation by heparin produces a monomeric
species with a lower specific activity than that of a tetrameric
subunit, while the other suggests that the reassociation of
monomers to the active tetramer is a pH-dependent process
that does not require heparin. Results in the present study
provide further support for the simple reversibility of steps
1 and 2 in our model. Analysis of the specific activity of
tryptase upon spontaneous inactivation and after DS-mediated
reactivation demonstrated no change in this value (Figure
2), indicating that active enzyme produced by reactivation
is the same as that isolated from tissues. The reactivation
of 0.1 µM tryptase after 24-48 h of decay, where we predict
the sample to be completely monomeric (4), suggests that
monomers can reassociate to form the active tetramer. The
difference in the extent of the return in the 4.0 and 0.1 µM
decays (Table 1) confirms the concentration dependence of
the reactivation process shown previously (2) and not
considered in the other models. These properties along with
the tetramer-monomer equilibrium indicated by sedimentation equilibrium analyses of inactivated tryptase (4) support
the concept that the species resulting from spontaneous
inactivation are in equilibrium and that reactivation by DS
or heparin is produced by the influence of these polysaccharides on this equilibrium.
The CD spectra of active and inactivated tryptase differ
in the region of 230 nm. A similar difference in the spectra
of chymotrypsin and chymotrypsinogen has led us to
postulate that spontaneous inactivation involves structural
changes which convert tryptase to a zymogen-like form; i.e.,
a form in which the Ile-Asp ionic bond, S1 pocket, and
oxyanion hole of the active site are disrupted (13-16).
Because the origin of the CD signal may be aromatic residues
(18, 19) and chymotrypsin displays an increase in intrinsic
fluorescence upon zymogen activation (20-22), we explored
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further our analogy by investigating tryptase intrinsic fluorescence. In addition, active site structure was more directly
probed using a competitive inhibitor which binds to the S1
pocket.
Spontaneous inactivation was accompanied by a marked
decrease in fluorescence emission intensity which was
relatively greater in decays at 0.1 µM than 4.0 µM tryptase.
As shown in Results, the kinetics of the emission loss were
best described as biphasic, exhibiting a fast and slow phase
analogous to activity loss. Using a double exponential model
to analyze the data, the rate constant for the fast phase of
the fluorescence decrease observed at both high and low
tryptase concentration was identical to that observed for
activity loss (t1/2 ) 4.3 min) and accounted for 80% of the
fluorescence decrease at the high concentration and about
60% at the low. The fluorescence decreases were reversed
by addition of DS in a manner consistent with the recovery
of activity. The correlation of the fast phase of activity loss
with a reversible fluorescence decrease suggests that structural changes involving Trp residues are associated with a
process insensitive to tryptase concentration. This observation supports our analogy with chymotrypsin and further
defines the structural nature of step 1 in our model (Figure
1).
A decrease in tryptase intrinsic fluorescence during
spontaneous inactivation has been reported in another study
(3) and was attributed totally to the dissociation of an
inactive-tetramer intermediate. As only one concentration
of tryptase (1 µM) was investigated and data were obtained
at large time intervals (based on the one time-course
presented), it is possible that the biphasic nature of the decays
was not apparent in this study. In the same study fluorescence anisotropy, a technique sensitive to protein dissociation, suggested a half-time for dissociation of 22 min. In
our analysis, the fluorescence decrease associated with the
slow phase accounted for the concentration dependence of
the fluorescence data. Supporting this assumption, the
“intensity-averaged emission wavelength” of spectra taken
at later times in the decay indicated a slightly greater red
shift for low concentration tryptase decay than the high. The
half-life for the slow phase of the fluorescence loss was 60
min, a value considerably longer than that obtained for the
fast phase. Considering the error in the measurement, this
value may be compatible with that obtained by fluorescence
anisotropy. A slow dissociation step is compatible with the
concentration independence we find for the fast phase of
activity loss and the biphasic nature of the inactivation
kinetics.
The recent crystal structure of tryptase demonstrates that
the tetrameric form of tryptase is a square-planer structure
with a sizable central pore (7). Significantly Trp residues
were not present at the subunit interfaces, suggesting that a
large change in intrinsic fluorescence could occur independent of dissociation. The structure further revealed that the
interface regions producing the tetramer consisted of symmetrical contacts between sets of loops that have adopted
conformations specific for docking. The specificity of these
contacts suggests that dissociation may not be a simple onestep process.
Whereas fluorescence and CD provide indirect evidence
for structural changes at the active site, a more direct
measurement was made using the competitive inhibitor, pAb,
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which binds to the S1 pocket (27, 38, 39). In serine
proteases, the S1 pocket is a cavity that binds the side chain
of the residue on the carbonyl side of scissile bond. The
architecture of the cavity determines the general substrate
specificity of the protease (chymotrypsin-, trypsin-, elastaselike), and the functionality of this pocket is generally
determined by the formation/disruption of the Ile-Asp ionic
bond. Analysis of the interaction of pAb with tryptase
revealed a dramatic reduction in the binding of pAb upon
spontaneous inactivation which was reversed by addition of
DS. This finding suggests that the integrity of the S1 pocket
was reversibly altered by spontaneous inactivation and
provides a further basis for associating spectral changes and
activity loss with disruption of the Ile-Asp ionic bond and
conversion of tryptase to a zymogen-like structure.
The major structural changes associated with activation
of a serine protease zymogen occur in a relatively specific
region of the protease termed the activation domain (41).
Measurement of the kinetics of these structural changes in
R-chymotrypsin suggests that the active-zymogen transformation is a cooperative process (42, 43). Within the
experimental error of our studies, intrinsic fluorescence and
S1 pocket changes during spontaneous inactivation/reactivation appear to correlate with activity, suggesting that they
are produced by a single or cooperative process associated
with activity loss/gain. Previously we reported that the CD
change produced by spontaneous inactivation coincided with
activity loss upon inactivation but appeared to return
somewhat more rapidly than activity upon reactivation (4).
This was based on our best estimate of the rate of activity
return at this time. The average of many more reactivations
since this study suggest a somewhat faster rate (t1/2 of 3 vs
10 min) of activity return better correlating the CD change
with activity.
The ionic nature of the Ile-Asp bond also confers pH
sensitivity to the structure/function of a serine protease in
addition to that arising from the catalytic His residue. This
sensitivity is typically observed as an apparent pKa for the
reversible loss of activity in the alkaline pH range (8, 42,
43). Most serine proteases exhibit apparent pKa’s for activity
loss greater than 8.5. Since this value is above the pKa of
an R-amino group (8.0) in solution, protein structure is
believed to contribute to the stability of the Ile-Asp ionic
bond (42-44). In R-chymotrypsin, the contribution of
protein structure to the ionic bond’s stability is relatively
weak, and at neutral pH where the R-amino group is fully
protonated, only 85% of the enzyme is in the active form in
equilibrium with 15% of the enzyme in the zymogen-like
form (42, 43). On the basis of our interpretation of spectral
and S1 pocket changes during spontaneous inactivation, we
suggest that the fast phase of spontaneous inactivation is the
attainment of a similar equilibrium for tryptase subunits
established while in the tetrameric form (step 1 in Figure
1). In the case of tryptase, the equilibrium ratio of inactive
“zymogen-like” to active subunits is approximately the
reverse of the chymotrypsin values (85% zymogen-like, 15%
active).
What makes the Ile-Asp bond unusually weak in tryptase
subunits compared to other serine proteases? More than
likely, structural elements in addition to those classically
involved in the activation/inactivation of chymotrypsin (13,
15) and trypsin (14) have a role. The relative slowness of
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the spontaneous inactivation process which exhibits t1/2 values
in the range of minutes compared to less than 1 s for
R-chymotrypsin (42, 43) may be an indication of the
contribution of these elements to conformational changes.
These novel rearrangements may serve to “loosen” the
structure of the activation domain, allowing for disruption
of the Ile-Asp ionic bond by perhaps solvation of charge,
and to weaken the quaternary structure of tryptase by
destabilization of subunit interfaces. The structural asymmetry at one of the two subunit interfaces revealed in the
tryptase crystal structure may be indicative of stress which
is relaxed in the destabilized tetramer conformation (7).
Identifying the tryptase-specific structural changes will be a
new phase of our study.
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